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Michael Skjøt,[c] Christian I. Jørgensen,[c] Allan Svendsen,[c] Frans C. De Schryver,[a]
Johan Hofkens,*[a] and Hiroshi Uji-i*[a]
1. Introduction
Lipases and phospholipases are interfacial enzymes found in
most organisms in the microbial, plant and animal kingdoms.
They play a crucial role as catalysts of lipid metabolism and as
mediators of cell signalling processes.[1] In industry lipolytic en-
zymes are gaining increasing importance, being employed in
biotechnological processes occurring at solid and oil–water in-
terfaces.
Due to the prevalence and importance of these enzymes,
their mode of action has been the subject of extensive study
and is considered to be a model for understanding interfacial
enzymatic catalysis. Nevertheless, a full understanding of the
action of soluble enzymes acting on insoluble substrates is dif-
ficult, due to the innate heterogeneity of the system. Single-
molecule fluorescence spectroscopy (SMFS) is naturally suited
to the study of such complex systems as it allows deeper in-
sight into locally inhomogeneous molecular behaviour not oth-
erwise available from ensemble measurements.[2]
In the last decade, SMFS has been successfully applied to
the study of enzyme kinetics. In ground-breaking experiments,
the catalytic activities of individual immobilized enzymes, con-
taining either a fluorescent co-factor[3] or using a pro-fluores-
cent substrate,[4, 5] were monitored by confocal microscopy. The
observed temporal fluctuations in catalytic turnover were at-
tributed to cycling between several conformations of the
enzyme, each conformation having a different catalytic activi-
ty.[6] Furthermore, it was observed that at high substrate con-
centrations, clusters of catalytic turnover events were separat-
ed by periods of low activity. Other so-called molecular
memory phenomena, such as the stepwise deactivation of
chromotrypsin enzymes, have also been observed.[7] While
highly informative, such confocal microscopy studies are re-
stricted to the availability of pro-fluorescent substrates. Fur-
thermore, the use of large, non-natural substrates and enzyme
immobilization may affect the catalytic activity of the enzyme.
Wide-field SMFS has the potential to complement confocal
microscopic studies as the technique allows for the study of a
wide range of enzymes acting on their natural substrates, as
has been elegantly demonstrated for a number of DNA inter-
acting proteins.[8–13] Importantly the ~mm2 field of view and
ms temporal resolution of wide-field fluorescence microscopy
makes it ideally suited to the study of molecular diffusion pro-
cesses. This is particularly relevant to the study of interfacial
catalysis, where the catalytic action is convolved with diffusion
of the enzyme across the target substrate. The wide field of
Many of the biological processes taking place in cells are mediat-
ed by enzymatic reactions occurring in the cell membrane. Un-
derstanding interfacial enzymatic catalysis is therefore crucial to
the understanding of cellular function. Unfortunately, a full pic-
ture of the overall mechanism of interfacial enzymatic catalysis,
and particularly the important diffusion processes therein, re-
mains unresolved. Herein we demonstrate that single-molecule
wide-field fluorescence microscopy can yield important new infor-
mation on these processes. We image phospholipase enzymes
acting upon bilayers of their natural phospholipid substrate,
tracking the diffusion of thousands of individual enzymes while
simultaneously visualising local structural changes to the sub-
strate layer. We study several enzyme types with different affini-
ties and catalytic activities towards the substrate. Analysis of the
trajectories of each enzyme type allows us successfully to corre-
late the mobility of phospholipase with its catalytic activity at
the substrate. The methods introduced herein represent a promis-
ing new approach to the study of interfacial/heterogeneous cat-
alysis systems.
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view also enables the study of a large number of enzymes si-
multaneously, allowing good statistics to be obtained from a
few experiments.[14]
For the majority of lipolytic enzymes it is accepted that cata-
lytic action involves the following steps: 1) diffusion and ad-
sorption of the enzyme to the lipid surface, 2) activation of the
enzyme (constituting the opening of an a-helical loop—“lid”—
to expose the hydrophobic active site of the enzyme), 3) pene-
tration of the enzyme into the lipid phase, 4) catalytic hydroly-
sis and 5) either scrolling of the enzyme to the next substrate
molecule or enzyme desorption.[15] Diffusion/binding processes
are therefore crucial both before and after the catalytic reac-
tion and should not be neglected if a full picture of interfacial
catalysis is to be obtained.
To date only a few investigations of enzyme diffusion on
substrates using fluorescent techniques have been reported.
Fluorescence recovery after photobleaching (FRAP) was em-
ployed in most of those studies.[16,17] This technique measures
the rate at which a photobleached area becomes repopulated
with fluorescent enzymes, yielding an average diffusion coeffi-
cient. The heterogeneous motions of individual enzymes are
therefore not resolvable using this technique.
Such heterogeneous motion can be revealed by the use of
single-particle tracking (SPT). This technique is often used in
quantitative studies of lateral mobility of proteins in mem-
branes and has been extensively applied to the study of bio-
molecules, namely for the motion of lipid molecules in bio-
membranes,[18,19] the infection pathways of virus molecules,[20,21]
and tracking receptors and proteins in living cells.[22–25] Recent-
ly, SPT was used to detect heterogeneous motions of single
quantum dot (QD) lipase complexes diffusing on a substrate
surface.[26] In that case the QD (~25 nm in diameter) dominat-
ed the diffusion behaviour of the complex compared to the
lipase (~5 nm in average diameter). However, the study sug-
gests that SPT can be a powerful tool in the study of interfacial
enzymology.
While the proposed mechanism of lipase/phospholipase ac-
tivation emphasises the importance of enzyme action, the pre-
existing structural ordering of the lipid and/or lipid–water in-
terface also influences the catalytic activity. Previously, atomic
force microscopy (AFM) was used to follow changes to the
lipid structure during enzyme action.[27–30] In these studies, en-
zymatic activity was inferred from the breakdown of the sub-
strate layer (indicative of product desorption after lipid hydrol-
ysis). These studies found a relation between pre-existing
structural defects on the bilayers and the observed desorption.
Herein, we illustrate the potential of wide-field fluorescence
microscopy to study interfacial enzymology within biological
model systems at the single-molecule level. Specifically we
study a phospholipase acting on phospholipid bilayers. By
tracking the heterogeneous motions of fluorescently labelled
single enzymes, whilst simultaneously monitoring substrate
structure, we gain significant insight into the action of phos-
pholipase. The information gained is greatly augmented by
the study of closely related mutants with different affinities
and catalytic activities towards the substrate.
Using this new approach, we are able to link the mobility of
a phospholipase enzyme to its activity, providing a clearer pic-
ture of the overall mechanism of a biological interfacial enzy-
matic catalysis.
2. Results
The active phospholipase utilised herein is a mutant of the
lipase Thermomyces lanuginosus (TLL). The TLL enzyme has
been studied extensively and is an excellent candidate for
enzyme mutation towards phospholipases. Both the lid and
the C-terminal region of TLL were mutated in order to activate
it to the hydrolysis of phospholipids. The resulting mutant
cleaves the ester bond of the phospholipid at the sn-1 position
and is therefore designated phospholipase A1 (PLA1).
An inactive phospholipase, iPLA1, was generated from TLL
in the same way as for the active PLA1 (aPLA1), but with an
additional mutation on the catalytic site. The active serine is re-
placed by an alanine residue (S146A). Although this mutation
causes some changes in the interaction between the substrate
molecule and the active site of the enzyme, it is often used to
generate inactive mutants in enzyme/substrate binding stud-
ies.[31–34] The iPLA1 was studied to evaluate the activation and
penetration of an enzyme into a phospholipid layer, without
subsequent hydrolysis occurring.
TLL, the parent enzyme of the PLA1 mutants and a catalyst
for the hydrolysis of glycerides, is a lipase with a low affinity
for phospholipid bilayers.[32–34] TLL is therefore of interest to
characterize the diffusion and adsorption of an enzyme on
phospholipid bilayers, without activation and penetration of
the enzyme into the phospholipid layer.
As a phospholipid substrate, supported layers of 1-palmi-
toyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) were used.
Although cellular membranes present higher complexity (con-
sisting of different lipid/phospholipid components, sterols, and
membrane proteins), this simple model is often used for mim-
icking biological membranes. While phospholipid molecules
with saturated chains form highly ordered bilayers, unsaturat-
ed phospholipids form more fluid bilayers.[35]
2.1. The Relationship between Substrate Structure/Fluidity
and Substrate Breakdown by Enzyme Action
Herein we investigate the relationship between substrate
structure and substrate breakdown due to enzymolysis by
imaging a fluorescently labelled POPC substrate in the pres-
ence of the non-fluorescent active PLA1 (aPLA1). The dye, DiI,
was evenly dispersed (0.5 mol%) in the phospholipid bilayers
(Figure 1a). Different fluorescence intensities allow discrimina-
tion between a single bilayer on the mica support and a bilay-
er on top of another bilayer (Figures 1b–d).
After addition of the aPLA1 enzyme (~107m) to a dye-la-
belled POPC bilayer on mica, darker regions appeared in the
fluorescence image of the bilayer (Figure 2, Supporting Infor-
mation, Movies 1 and 2). Upon hydrolysis by PLA1, POPC is
converted into palmitic acid and lyso-oleyl-phosphocholine.
Previous studies performed using phopholipase A2 (PLA2)
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showed that the enzymatic breakdown of the phospholipid
molecules leads to the destruction of the supported bilayer
and solubilisation of up to 90% of the lipid material.[36] The
dark features observed herein are thus attributed to the break-
down of the POPC layer, caused by desorption of reaction
products and resulting in the release of the incorporated DiI
label. The fluorescence quantum yield of DiI is known to be
strongly reduced upon diffusion from a lipid layer into an
aqueous environment due to the increase of cis–trans isomeri-
sation.[37]
The observed breakdown of the labelled POPC substrates
nearly always starts from existing defect regions, like the edge
between two consecutive bilayers. This observation is in good
agreement with previous AFM studies.[27–30] Furthermore, de-
pending on the number of bilayers present, the observed de-
sorption patterns are different (Figure 2). For a phospholipid
multilayer, hydrolysis is observed as the smooth recession of
the top layer (Figure 2a and Supporting Information, Movie 1).
However, for a single phospholipid bilayer in contact with the
mica support, the desorption process depends on the enzyme
concentration (Figures 2b–d and Supporting Information,
Movie 2). At a high enzyme concentration (3.7107m), “wave-
front”-like behaviour is observed. Desorption proceeds over a
large area and the layer has a smooth receding edge (Fig-
ure 2b). At an aPLA1 concentration of 1.9107m, the mor-
phology of layer desorption changes. Desorption is now con-
fined to small channels with a typical width of 1.2 mm, creating
fractal patterns in the substrate layer (Figure 2c). When the
enzyme concentration is decreased further (4.0109m), layer
desorption becomes extremely localised and is observed as a
“nibbling”effect at the layer edge (Figure 2d).
It is known that pre-existing ordering and packing of the
substrate bilayers influences the
catalytic activity of interfacial en-
zymes.[38] In recent years several
studies have been published
concerning lipid mobility, espe-
cially on cellular membranes.[39]
In order to quantify the fluidity
of the POPC bilayers used here,
single-membrane dye tracking
experiments were carried out.
Substrate bilayers were pre-
pared as described above, how-
ever in this case with less than
0.01 mol% of the fluorescent
probe DiI. This concentration of
DiI is still high enough to allow
discrimination between succes-
sive phospholipid bilayers in ini-
tial imaging experiments. After
photobleaching of most of the
DiI by continuous irradiation,
single DiI molecules could be re-
solved and their diffusion in
POPC multi- and single bilayers
tracked over time. The trajecto-
ries described by the single DiI probes were analysed using cu-
mulative distribution functions (CDFs), following a statistical
approach published by Schtz[40] (see Section 2.3 and the Ex-
perimental Secition for details). For diffusion through the top
layer of a POPC multilayer, the DiI probe molecules show one
mode of motion, with a diffusion constant of (4.880.03)
108 cm2s1. This homogeneity is lost for DiI molecules in a bi-
layer in contact with the mica support. In a bilayer on mica, a
fraction of the DiI molecules were immobilized (~30%), and
the remainder diffused slowly, D= (2.460.03)108 cm2s1
(Supporting Information, Figure S2). This value is in good
agreement with that obtained in previous studies[41–43] (Sup-
porting Information, Table).
Figure 1. Staining of POPC multilayers with DiI. a) Scheme for the intercala-
tion of DiI molecules (blue) into the POPC layer (grey). b) Schematic illustra-
tion of the proposed lipid orientation in spin-coated films using mica as a
support. c) Relation between fluorescence intensity and number of bilayers.
d) Fluorescence image of POPC multilayers: black, mica support; dark grey,
first bilayer in contact with the support ; light grey, top bilayer.
Figure 2. Time-resolved fluorescence images of POPC layers labelled with DiI at progressive stages of hydrolysis.
a) Collapse of the multilayers proceeds via retraction of the top bilayer. b)–d) Collapse of the first bilayer in con-
tact with the support. b) Wave-front-like phenomenon, [aPLA1]=3.7107m; c) Channel-like phenomenon,
[aPLA1]=1.9107m; d) Nibbling of the edges; [aPLA1]=4.0109m.
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The single-membrane dye
tracking experiments confirm
that the fluidity of a bilayer on
mica is strongly reduced com-
pared to the fluidity of multilay-
ers. The reduced fluidity of the
bilayer on mica is attributed to
interactions between the mica
and the phospholipids and can
account for the unusual mor-
phology of desorption observed
in such bilayers. In the top layer
of a POPC multilayer, the high
fluidity allows product desorption to occur immediately follow-
ing enzyme hydrolysis, leading to the smooth recession of the
layer. Since this is also observed in natural systems, multilayers
were employed in all subsequent experiments.
2.2. The Relation between Enzyme Localization and
Substrate Structure
In order to visualize the enzyme acting on the substrate,
aPLA1 was labelled with a water-soluble, fluorescent perylene
diimide derivate (PDI). Due to its photostability, this class of
dyes has proven to be suitable for SMFS experiments.[44,45]
More importantly herein, the relatively small size of the PDI
ACHTUNGTRENNUNG(~20 ) means it is less likely to influence enzyme behaviour
compared to other labels (e.g. quantum dots with diameter
>20 nm).
The enzyme was labelled on the primary amine groups of its
6 lysine residues and one N-terminal lysine (Supporting Infor-
mation, Figure S3). Since excess PDI was used in the labelling
process, the maximum possible number of PDI molecules
bound to each enzyme is seven. In control experiments, the
enzymatic activity of the labelled and non-labelled aPLA1
against 5-carboxyfluorescein diacetate (5-CFDA) was the
same[45] (Supporting Information, Figure S4).
When the labelled aPLA1 (~107m) was added to a non-la-
belled POPC multilayer, enzymes could be visualized as bright
spots and areas of high enzyme localisation could be clearly
seen (Figure 3 and Supporting Information, Movie 3). Despite
the fact that the substrate layer itself is not directly visualised
in this experiment, it is clear that the enzyme is localised pri-
marily at the edge region between two consecutive bilayers.
The position of the top layer of the POPC multilayer can easily
be inferred as it is outlined by a high concentration of the
enzyme, and this area is reduced over time with enzyme
action (visualised as the directed motion of the line of high
enzyme concentration). The experiments also show a non-uni-
form distribution of the labelled aPLA1 along the layer edge.
Importantly, areas with a faster retraction of the top layer coin-
cide with areas of higher local enzyme concentration (indi-
cated by the dashed red circle in Figure 3).
2.3. Single-Enzyme Tracking
In this set of experiments, the mobility of fluorescently labelled
enzymes was studied whilst simultaneously imaging the under-
lying fluorescently labelled POPC multilayer. Two-colour excita-
tion was efficiently employed to excite both the PDI label on
the enzyme and a 3,3’-dioctadecyloxacarbocyanine perchlorate
(DiO) label dispersed in the POPC substrate (Experimetal Sec-
tion and Supporting Information, Figure S5). By choosing an
appropriate optical filter before the detection apparatus, we
could detect the majority of PDI emission and block most of
the DiO emission (Figure 4b). Thus, we could easily discrimi-
Figure 3. Time-resolved fluorescence images of labelled aPLA1 hydrolysing POPC multilayers. The rate of retrac-
tion of the top layer is proportional to the amount of enzyme present. Furthermore, the enzyme is preferentially
located at the edge between two bilayers: red, fast retraction of the layer ; yellow, slow retraction of the layer.
Figure 4. Strategy used for simultaneous imaging at the single-molecule
level. a) PDI-labelled enzyme on phospholipid multilayers labelled with DiO.
Discrimination of single enzymes is possible (indicated by arrows in the
magnified portion of the image). b) Steady-state absorption (a) and emis-
sion (c) spectra for the DiO (green) and PDI (red). The excitation wave-
lengths used for each dye are indicated by arrows at the bottom. The best
ratio of detected emission from the layers and from the enzyme molecules
is accomplished by the use of an appropriate long pass cut-off filter (cut-off
wavelength indicated).
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nate between enzyme emission and substrate emission based
on their relative brightness (single enzymes appear clearly as
bright spots against the background of the weakly fluorescent
substrate—Figure 4a). In all experiments, a low enzyme con-
centration (~109m) was used to allow discrimination of single
enzymes and their subsequent tracking.
We include the study of two other enzymes of interest,
iPLA1 and TLL enzymes. Both enzymes were fluorescently la-
belled in the same way as aPLA1.
2.3.1. The Mobility of aPLA1, iPLA1 and TLL
Single aPLA1 enzymes were tracked while catalysing the hy-
drolysis of POPC multilayers (Supporting Information, Movie 4).
Despite the lower amount of enzyme present, it is still possible
to observe the recession of the top substrate layer due to
enzyme action (Figures 5a,b and Supporting Information,
Movie 5). The observed substrate desorption rate is not con-
stant over time (Figure 5c). In confocal microscopy studies of
immobilized enzymes on non-natural substrates, temporal dy-
namics of catalytic turnover were attributed to the existence of
several enzyme conformations.[6] However, when substrate bi-
layers are employed, other factors such as local membrane flu-
idity likely play the main role. The packing of phospholipid
molecules fluctuate over time during hydrolysis, influencing
the efficiency of enzyme penetration through the hydrophobic
phospholipid residues and subsequent catalysis.
The diffusion of aPLA1 on the substrate bilayers is a highly
heterogeneous process. Both fast-diffusing and immobilized
enzyme molecules were observed. For each individual enzyme
trajectory we can calculate its residence time on the bilayers.
Most of the enzymes (95%) stay on the substrate for less than
0.3 s [under similar conditions the PDI label has a survival time
(time until irreversible photodegradation) of ~5 sec].
The behaviour of the labelled iPLA1 enzyme contrasts great-
ly with the behaviour of the aPLA1. When the iPLA1 was
added to POPC bilayers under identical conditions as for the
active enzyme, recession of the top layer due to phospholipid
desorption was not observed (Figure 6 and Supporting Infor-
mation, Movie 6). Nevertheless, the inactive enzymes still have
a strong binding affinity for the layer edge, with apparent resi-
dence times of 3.5–9 s. As the survival time of the label is ~5 s,
photobleaching of the label rather than enzyme desorption
can account for the disappearance of enzyme emission. The
actual residence time of iPLA1 at the layer edge is probably
much longer, as after an enzyme stops emitting, no further
emission is observed at that site. This suggests that no new
enzymes are able to access the layer edge at this site
(Figure 6).
Since TLL has a lower affinity
towards phospholipid bilayers,
the enzyme molecules diffusing
on the layer can only be visual-
ised when the solution has
100 times higher enzyme con-
centration. Even then, only fast
diffusion processes are observed.
As expected, the TLL molecules
adsorbed poorly on the layer
and diffuse without any further
interaction with the phospholip-





The affinity of the aPLA1 for the
layer edge was confirmed using
reconstructed images of the pre-
cise location of each enzyme de-
tected over an 1800 frame
Figure 5. Fluorescence images of single aPLA1 molecules acting on their natural substrate a) Fluorescence images
showing the limit of the top phospholipid layer initially (light blue arrow), 45 s (red arrow) and 90 s (yellow arrow)
after addition of labelled aPLA1. b) The accumulated image (1800 frames, 90 s) of the experiment in (a), with(a)
indicating the limit of the top layer initially (a), after 45 s (a) and after 90 s (a). c) Desorption of the phos-
pholipid molecules over time. Red: area of the top layer, blue, POPC desorption rate (number of phospholipid
molecules is calculated assuming a mean molecular area of 65 2).
Figure 6. Fluorescence images over time after the addition of labelled inac-
tive PLA1 to POPC bilayers. Arrows indicate individual enzymes (center).
After some time (between 3.5 and 9 sec for the indicated enzymes) the mol-
ecules are no longer visible (right). No further emission appears at these
spots, suggesting that the enzymes photobleach and remain bound to the
layer edge, blocking new enzymes from approaching.
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movie (Figure 7a). A similar method, known as point accumu-
lation for imaging in nanoscale topography (PAINT),[46] was
used to obtain high-resolution images of lipid bilayers. While
PAINT images reveal roughly the areas where enzymes are lo-
cated frequently (Figure 7a), the affinity of aPLA1 for the layer
edge is obvious when a histogram image of enzyme location
is calculated (Figure 7b). Figure 7b shows an example of a his-
togram-PAINT (H-PAINT) image of aPLA1 with a binsize of of
200 nm (note that the resolution of H-PAINT can be improved
by increasing the number of fluorescent species detected). The
H-PAINT images also reveal binding hotspots along the layer
edge at which frequent enzyme localisation occurs.
The H-PAINT image of iPLA1 location shows clearly that the
inactive enzyme also has a strong affinity for the layer edges
(Figure 7d). As expected, both the PAINT and H-PAINT images
of TLL (Figures 7e and f) show a random distribution of the
enzyme molecules on the layer, with no special affinity towards
the edge [the position of the layer edge is indicated by (a)
in Figures 7e and f] .
2.3.3. Analysis of Enzyme Trajectories
As mentioned previously, a major advantage of SPT is its ability
to discriminate between different modes of motion of individ-
ual molecules. In membranes it is possible to observe several
modes of motion: immobile, directed, confined tethered,
normal diffusion and anomalous diffusion. For homogeneous
diffusion, the time dependence of the mean-square displace-
ment (MSD) is very different for these different modes, allow-
ing easy classification.[47] However, the trajectories of single
molecules often exhibit dynamic heterogeneity of their diffu-
sion modes (Figure 8). In this case, analysis cannot be per-
formed by designating an average diffusion coefficient to indi-
vidual trajectories. Rather, each individual step in all the trajec-
tories are accumulated and analyzed using cumulative distribu-
tion functions (CDFs). Even when heterogeneous motion is
present, by using CDFs we are able to distinguish and quantify
the different modes of motion occurring. Although less intui-
tive, this approach yields significantly better statistics than the
separate analysis of each trajectory (Supporting Information,
Figures S6 and S7).
Constructing separate CDFs for aPLA1 enzymes diffusing on
top of the layer (996 trajectories) and on the layer edges (448
trajectories) quantified the differences in behaviour observed
in each region (Figure 8). Two distinct diffusion constants (D)
Figure 7. Histogram-based image reconstruction. a), c) and e) PAINT image
showing each enzyme molecule detected during the 1800 frames, for the
a) aPLA1, c) iPLA1 and e) TLL. b), d) and f) H-PAINT image showing the histo-
gram of the spatial distribution of enzyme molecules on the substrate. The
probability of enzyme localization is indicated by the color bar, for the
b) aPLA1, d) iPLA1, the inset showing the lower affinity for the top of the
layer—background values and f) TLL, (a) indicating the position of the
layer edge.
Figure 8. Diffusion behaviour of labelled aPLA1 molecules. a) Snapshots of a
single labelled enzyme diffusing on the layer edge and its corresponding
trajectory. Scale bar: 1 mm. b) Typical trajectories of individual aPLA1 mole-
cules diffusing on the layer (blue) and on the edge (red). The background
image is accumulated over 100 frames. Some heterogeneous trajectories are
magnified. In trajectories 2 and 3, it is possible to distinguish the hot spots
(indicated by the red circles) where diffusion is slow, probably linked to cat-
alysis.
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are apparent for enzyme motion on top of the layer (D=
5.1108 and 7109 cm2s1, Figure 9a). Enzymes localized at
the layer edge are seen to diffuse (D=1.7108 and
71010 cm2s1) with 19% of trajectories also including immo-
bilised periods (Figure 9b). In the same analysis of the iPLA1
enzyme (516 trajectories), only one mode, immobilisation, was
detected at the layer edge. On top of the layer, two motions
are detected with D=5.2108 cm2s1 and 2.3108 cm2s1
(Figure 9c).
For the TLL (531 trajectories) only one mode of motion is de-
tected, irrespectively of position on the substrate (D=
3108 cm2 s1, Supporting Information, Figure S8). Table 1
summarizes the diffusion coefficients obtained. Since the sur-
face of TLL was mutated, the absolute value of diffusion for
this enzyme is expected to be different to that of the active
and inactive PLA1 enzymes.
3. Discussion
By labelling the POPC substrate bilayers with a fluorescent
probe, it was possible to follow its catalytic breakdown by a
non-fluorescent aPLA1 enzyme. From this first set of experi-
ments we concluded that breakdown of the substrate by hy-
drolysis starts from pre-existing defects on the layer. This con-
firms previous AFM studies and is easily rationalised given that
penetration of the enzyme into the lipid layer is much easier at
defect regions where molecular packing is less dense.[48,49] This
work improves upon existing AFM studies as the perturbation
of the phospholipid bilayers by contact with the AFM probe is
avoided and better time resolution can be achieved (millisec-
onds for wide-field imaging versus seconds for AFM measure-
ments).
While desorption occurs as a smooth retraction of the top
bilayer on a POPC multilayer, for a single bilayer directly on
mica, desorption occurs in fractal and ‘nibbling’ patterns de-
pending on enzyme concentration. The interaction between
the phospholipids and the mica is confirmed by single-mem-
brane dye tracking experiments that show a reduction in the
fluidity of the bilayer. In contrast, the high fluidity of the top
bilayer in multilayers makes them more suitable as models for
biological membranes. Since the enzyme molecules were also
found to interact strongly with the mica, single phospholipid
bilayers on mica are considered inappropriate as substrates for
these studies (Supporting Information, Figure S9).
In the second set of experiments, fluorescently labelled
aPLA1 was imaged acting on a non-fluorescent POPC multilay-
er. While the substrate itself was not directly imaged in these
experiments, the position of the top layer of the POPC multi-
layer was “outlined” by the high concentration of the enzyme
at the layer edge. The experiments showed a heterogeneous
distribution of enzymes along the layer edge, suggesting that
the packing structure of a POPC layer edge is not uniform.
Figure 9. Dependence of the cumulative distribution function coefficients
for PLA1 molecules with time. a) Active enzyme diffusing on the layer (^)
D=5.1108 cm2s1 and (~) D=7109 cm2s1, b) Active enzyme diffusing
on the layer edge, (!) D=1.7108 cm2s1, (*) D=71010 cm2s1 and im-
mobilized, (~). c) Inactive enzyme, (~) ; immobilized, (! )
D=2.3108 cm2s1, and (^) D=5.2108 cm2s1. Fitting is performed for
as long as the data has statistical value.
Table 1. Diffusion constants detected for both active and inactive PLA1.
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Specific local defects along the layer edge or layer curvature
can facilitate the formation of the enzyme–substrate complex
and therefore the phospholipid hydrolysis.[48] These experi-
ments strengthen the link between the substrate breakdown
and enzyme activity and provide an indication of the heteroge-
neous structure of the layer edge region.
In the final set of experiments, single labelled enzymes and
labelled substrate bilayers were visualised simultaneously.
Comparison of the motion of three different enzyme types
allows us to correlate enzyme diffusion behaviour with specific
stages of the catalytic process. Although single-enzyme emis-
sion was observed as diffraction-limited spots, the centre of
mass can be localised with sub-diffraction limit resolution.[50,51]
The construction of histogram images of single enzyme loca-
tion over time (H-PAINT), whilst simultaneously monitoring
substrate structure, was especially helpful in revealing the dis-
tinct behaviours of each enzyme.
TLL, an enzyme which cannot interact strongly with phos-
pholipid bilayers, was found to diffuse quickly on the POPC
multilayers (D=3.0108 cm2s1) with no specific preference
for the edge or the top of the layer. The motion detected is
most likely associated with weak adsorption and desorption of
the enzyme on the layer, since the diffusion constant is 100
times slower than that expected for free diffusion in solu-
tion.[45] These motions correspond to parts A and B of the cata-
lytic cycle shown schematically in Figure 10.
Similarly, fast diffusive motions (D=5.1–5.2108 cm2s1)
were observed for both the aPLA1 and iPLA1 diffusing on the
POPC multilayers (Figure 8b). The surface of the TLL and PLA1
enzymes are different, and thus their diffusion constants
cannot be compared directly. Nevertheless, we attribute the
fast motions of the aPLA1 and iPLA1 on top of the layer to
weak adsorption/desorption events (Figure 10A and B)
An additional motion was observed for both the iPLA1 and
aPLA1 on top of the layer (D=0.7108 cm2s1 for the active
enzyme and D=2.3108 cm2s1 for the inactive enzyme).
This motion may be that of enzymes that have been activated
(i.e. are in the lid-open conformation) attempting to penetrate
into the lipid phase, as seen in Figure 10C and D. The different
speed of this motion for the two forms of the PLA1 enzymes
can be attributed to the slight structural differences between
them. Studies show that the replacement of the active serine
by an alanine residue results in higher mobility of the lid and
consequently to a lower binding affinity of the inactive
mutant.[33,34]
Unlike the TLL, both the active and inactive forms of PLA1
show periods of immobilization at the POPC layer edge. How-
ever, the residence time is much greater for the inactive
enzyme. Enzymatic activity is thus not a prerequisite for strong
enzyme intercalation at the layer edge, but is clearly a prereq-
uisite for efficient desorption of the enzyme from the layer
edge. The products of the hydrolysis reaction cause considera-
ble reorganisation and solubilization of the supported bilayer
and either effect could trigger desorption of the active
enzyme.
In a previous study performed by FRAP,[17] comparison of the
diffusion constants of active and inactive forms of TLL were
made. In those ensemble measurements, the diffusion con-
stant of the inactive form was ~4 times slower than that of the
active form. In light of our results, the lower diffusion constant
measured for the inactive lipase in the FRAP experiments is
more likely due to the contribution of a higher percentage of
immobilized enzymes. This is a clear example of the extra in-
formation that can be provided by single-molecule studies of
heterogeneous systems.
A detailed look at the individual trajectories of the aPLA1
enzyme reveals that 64% of 1444 trajectories display changing
diffusion behaviour (Supporting
Information, Figure S10). These
enzymes show periods of slow
diffusion at different points on
the layer edge being inter-
spersed with faster diffusive mo-
tions along the edge. Trajecto-
ries 2 and 3 in Figure 8b are just
two representative examples of
hundreds of the aPLA1 enzymes
monitored that show this varied
diffusion behaviour. The hetero-
geneous motion is consistent
with the notion of an active
enzyme diffusing to and docking
at the layer edge, hydrolysing
the substrate, and then undergoing desorption or scrolling to
another point on the layer edge.
In some cases (33% of the enzyme molecules diffusing on
the edge) it is also possible to observe aPLA1 enzymes with
trajectories that present only slow components of diffusion
(D=0.07108 cm2s1 and immobilization). Importantly, all the
aPLA1 trajectories exhibiting immobilized periods present at
least one other mode of diffusion. Once again, this result is in
agreement with the proposed model of lipase/phospholipase
action: before efficient docking occurs, the enzyme needs to
approach the substrate and undergo interfacial activation.
When such docking does not occur, the enzyme molecule dif-
fuses faster on the layer edge, and the trajectory described dis-
plays no “binding hot spots” (trajectory 1 in Figure 8b).
Figure 10. Proposed catalytic cycle for the mutants used. While in solution, the enzyme remains in the closed
form (E), with the lid covering the active site. A) Binding of PLA1 to the surface (B) promotes lid displacement ex-
posing hydrophobic residues that interact with the phospholipid interface (C), stabilizing the open form, (E#). Par-
titioned substrate can then access the active site (D), forming the enzyme–substrate complex of the interface-
bound form, (E*S). Hydrolysis leads to the formation (E) and subsequent desorption of the products (P). Following
product release, the enzyme E* can diffuse on the substrate or into solution.
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4. Conclusion
Herein, wide-field SMFS was used to gain deeper insight into
the action of phospholipases acting on their natural substrate.
We were able to establish for the first time the direct relation-
ship between the local structural characteristics of the mem-
brane and the activity of the enzyme. More importantly, we
were also able to establish a direct relationship between
enzyme mobility and enzyme activity at the single-molecule
level. By comparing the behaviour of enzymes with different
activities, diffusive motions specifically associated with differ-
ent steps of the overall catalytic process could be distinguish-
ed. The results obtained are in agreement with, and contribute
significant new understanding towards, the proposed model
for catalytic action of lipases/phospholipases. The success of
this approach suggests that our methods can be applied to
the study of other important interfacial enzymes as well as
other enzymatic processes that occur on membrane interfaces,
such as signalling cascades or active transport. The methods
reported herein should also be applicable to the study of a
wide range of other heterogeneous systems.[52,53]
Experimental Section
Bi/multilayer Preparation: Phospholipid layers were prepared using
the rehydration method.[54] Briefly, a POPC solution in chloroform
(10 mgmL1, Avanti Polar Lipids) containing dye (1,1’-dioctadecyl-
3,3,3’,3’-tetramethylindocarbocyanine perchlorate, DiI or 3,3’-dio-
ctadecyloxacarbocyanine perchlorate, DiO, Molecular Probes) was
spin-coated onto freshly cleaved mica (3000 rpm for 40 s). After
drying under vacuum for 2 h, the samples were hydrated by im-
mersion in 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid
(HEPES) buffer (see below) followed by heating in an oven at 80 8C
for 3 h. In order to reduce the optical aberration effect caused by
the use of mica, it was cleaved until it became almost transparent.
To avoid damaging this extremely thin support, the mica was
glued onto a glass coverslip.
Protein engineering: The mutations were performed through re-
combinant DNA technologies using the Fusarium oxysporum phos-
pholipase gene as template. Variants of TLL were generated and
purified essentially as described previously.[55] The differences be-
tween the mutated PLA1 and TLL sequences are shown in a se-
quence alignment (Supporting Information, Figure S1). A model
structure was made using the homology program from Accelrys
(www.Accelrys.com).
HEPES buffer solution: Enzyme solutions were prepared in a buffer
containing 0.01m Hepes (Fluka, 99.5%), 30 mm calcium chloride
(Sigma 99%), 10 mm EDTA (Sigma 95%) and 0.15m sodium chloride
(Sigma–Aldrich 99.99%). The pH of the buffer solution was adjust-
ed to 8 using sodium hydroxide (Sigma–Aldrich 99.998%).
Enzyme labelling: The N-hydroxysuccinimide perylene derivate
(PDI-NHS) was synthesized and purified as described previously.[45]
PDI-NHS was added in 20-fold excess to an enzyme solution in car-
bonate buffer (pH 7.5). The solution was then incubated at 4 8C for
one hour to produce the dye-labelled enzyme. The PDI-NHS
bonded to the enzyme through the amino groups of the lysine res-
idues. Removal of unreacted dye from the enzyme solution was ac-
complished by the addition of a solid support. The support consist-
ed of polystyrene beads with low degree of cross-linking, onto
which was grafted a polyethylene glycol derivative with free termi-
nal amino groups. The unreacted dye was captured at the surface
of the beads after shaking for five minutes. The solid support was
separated from the enzyme solution by filtration. Gel electrophore-
sis studies confirmed that the unreacted dye was efficiently re-
moved from the enzyme solution.
Bulk activity measurements: The bulk enzymatic activity of each
species was tested by means of a pro-fluorescent substrate. Specif-
ically, hydrolysis of non-fluorescent 5-carboxyfluorescein diacetate
(5-CDFA, Molecular Probes) yields the fluorescent product 5-car-
boxyfluorescein (5-FAM, Molecular Probes). Fluorescence intensity
as a function of time was measured using a Spex Fluorolog 1500
(Spex Industries, Meuchen, NJ). The time base scan experiments
were performed with 1 Hz acquisition rate. The fluorescent product
was excited at 500 nm and the fluorescent emission was detected
at 520 nm.
Concentration analysis: After labelling, the enzyme concentration
was calculated by amino acid analysis. The protein was hydrolysed
in a 18.5% HCl+0.1% phenol aqueous solution and incubated at
110 8C for 16 h. The mixture was dried and resolved in loading
buffer (0.2m NaCitrate, pH 2.2), filtered and loaded onto a Bio-
chrom 20 Plus amino acid analyser. The measured amino acid con-
tent was fitted to the protein’s theoretical amino acid composition
and the enzyme concentration calculated.
Wide-field Microscopy: Imaging of layers and individually labelled
enzymes on the multilayers was performed using an inverted epi-
fluorescence microscope (IX71, Olympus) equipped with a 60x air
objective (for Figures 1–2) or TIRF (total internal reflection fluores-
cence) objective (for Figures 3–6) and a cooled Electron Multiply-
ing-CCD (Cascade 512B, Princeton Instruments, Inc.). The labelled
enzyme and labelled bilayers were excited with 1–5 kWcm2 of
532 nm (CDPS 532M-50, JDS Uniphase Co.) and 1–100 Wcm2 of
the 488 nm line from an Ar+ laser (Stabilite 2017, Spectra-Physics),
respectively. Both laser lines were guided onto the sample through
the same dichroic mirror (z532rdc, Chroma Technology, Inc.) and
aligned in TIRF mode. The emission from both the enzyme and the
membrane were observed through the same 545 nm longpass
filter (HQ545 LP, Chroma Technology, Inc.). Most of the fluorescence
from the bilayers is rejected by the long-pass filter such that the
enzyme fluorescence can be detected with sufficient S/N ratio.
Movies were recorded with 50 ms integration time at 20 Hz for
single-enzyme tracking and with 500 ms integration time at 2 Hz
for the visualization of layer retraction in Figure 2.
Spatial resolution and tracking: The determination of single-
enzyme trajectories was performed using a home-developed rou-
tine in Matlab. The enzyme can be located with a precision of
~100 nm for slowly diffusing enzymes and ~200 nm for quickly dif-
fusing enzymes. The layer edge is determined with a precision of
50–100 nm.
Determination of diffusion constants: As described elsewhere,[56]
the mean-square displacement MSD(t) for individual enzyme mole-
cules is the average over the complete trajectory of all measure-
ment intervals nDt, as given by Equation (1):
MSD t  nDtð Þ ¼ r2ðtÞh i 1ðN nÞ
XNn
i¼1
xiþn  xið Þ2þ yiþ1  yið Þ2½  ð1Þ
where Dt (0.05 s herein) is the frame interval and N is the total
number of frames for the trajectory. xi and yi give the position of
the detected particle at t= i. For each n the sum runs over all pos-
sible intervals of length t=nDt. For a particle diffusing randomly
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in two dimensions, the diffusion constant can be calculated using
r2ðtÞh i ¼ 4Dt.
Instead of analyzing the trajectories individually, track sets at each
region can be accumulated and analyzed with cumulative distribu-
tion functions (CDFs), following a method proposed by Schtz
et al.[40] CDFs P r2; tð Þ½  were constructed for every timelag (t) by
counting the number of square displacements with value  r2ðtÞ
and normalized by the total number of data points. For lateral dif-
fusion, the CDF is characterized by Equation (2):





P r2; tð Þ describes the probability that a particle starting at an initial
position will be found within a circle of radius r at time t. It is im-
portant to note that the data can be analyzed in terms of the
probability density function[57] or the CDF.[40] The advantage of CDF
analysis is that the summation integrates out much of the noise.
For trajectories with a high degree of heterogeneity, the data can
be analyzed assuming the existence of two or even three popula-
tions with different diffusion coefficients.
For a two-component model Equation (2) is modified to Equa-
tion (3):











and for a three-component model Equation (2) is modified to
Equation (4):



















and ai (i=1, 2, …) are the MSD(t) and the relative
contribution of each motion, respectively.
Acknowledgements
This work was supported by the Science Foundation Flanders
(FWO grant G.0366.06), the KULeuven Research Fund (concerted
research action GOA 2006/2, Centre of Excellence in Catalysis
CECAT), the Flemish Ministry of Education (ZWAP 04/007), the
Federal Science Policy of Belgium (IAP VI/27) and the EU Sixth
Framework Programme (STREP Bioscope). S.R. acknowledges the
Portuguese Foundation for Science and Technology (FCT) for PhD
grant SFRH/BD/27265/2006.
Keywords: enzyme catalysis · heterogeneous catalysis ·
phospholipase · phospholipids · single-molecule studies
[1] I. Sitkiewicz, K. E. Stockbauer, J. M. Musser, Trends Microbiol. 2007, 15,
63–69.
[2] P. Tinnefeld, M. Sauer, Angew. Chem. 2005, 117, 2698–2728; Angew.
Chem. Int. Ed. 2005, 44, 2642–2671.
[3] H. P. Lu, L. Y. Xun, X. S. Xie, Science 1998, 282, 1877–1882.
[4] O. Flomenbom, K. Velonia, D. Loos, S. Masuo, M. Cotlet, Y. Engelborghs,
J. Hofkens, A. E. Rowan, R. J. M. Nolte, M. Van der Auweraer, F. C. de
Schryver, J. Klafter, Proc. Natl. Acad. Sci. USA 2005, 102, 2368–2372.
[5] K. Velonia, O. Flomenbom, D. Loos, S. Masuo, M. Cotlet, Y. Engelborghs,
J. Hofkens, A. E. Rowan, J. Klafter, R. J. M. Nolte, F. C. de Schryver, Angew.
Chem. 2005, 117, 566–570; Angew. Chem. Int. Ed. 2005, 44, 560–564.
[6] H. Engelkamp, N. S. Hatzakis, J. Hofkens, F. C. De Schryver, R. J. M. Nolte,
A. E. Rowan, Chem. Commun. 2006, 935–940.
[7] G. De Cremer, M. B. J. Roeffaers, M. Baruah, M. Sliwa, B. F. Sels, J. Hofk-
ens, D. E. De Vos, J. Am. Chem. Soc. 2007, 129, 15458.
[8] P. C. Blainey, A. M. van Oijent, A. Banerjee, G. L. Verdine, X. S. Xie, Proc.
Natl. Acad. Sci. USA 2006, 103, 5752–5757.
[9] J. Elf, G. W. Li, X. S. Xie, Science 2007, 316, 1191–1194.
[10] J. B. Lee, R. K. Hite, S. M. Hamdan, X. S. Xie, C. C. Richardson, A. M. va-
n Oijen, Nature 2006, 439, 621–624.
[11] S. Matsuura, J. Komatsu, K. Hirano, H. Yasuda, K. Takashima, S. Katsura,
A. Mizuno, Nucleic Acids Res. 2001, 29, e79.
[12] A. M. van Oijen, P. C. Blainey, D. J. Crampton, C. C. Richardson, T. Ellen-
berger, X. S. Xie, Science 2003, 301, 1235–1238.
[13] J. Yu, J. Xiao, X. J. Ren, K. Q. Lao, X. S. Xie, Science 2006, 311, 1600–1603.
[14] H. H. Gorris, D. M. Rissin, D. R. Walt, Proc. Natl. Acad. Sci. USA 2007, 104,
17680–17685.
[15] A. Aloulou, J. A. Rodriguez, S. Fernandez, D. van Oosterhout, D. Pucci-
nelli, F. Carriere, Biochim. Biophys. Acta Mol. Cell Biol. Lip. 2006, 1761,
995–1013.
[16] P. B. Gaspers, C. R. Robertson, A. P. Gast, Langmuir 1994, 10, 2699–2704.
[17] A. W. Sonesson, H. Brismar, T. H. Callisen, U. M. Elofsson, Langmuir 2007,
23, 2706–2713.
[18] I. R. Bates, P. W. Wiseman, J. W. Hanrahan, Biochem. Cell Biol. 2006, 84,
825–831.
[19] P. H. M. Lommerse, B. E. Snaar-Jagaiska, H. P. Spaink, T. Schmidt, J. Cell
Sci. 2005, 118, 1799–1809.
[20] B. Brandenburg, X. W. Zhuang, Nat. Rev. Microbiol. 2007, 5, 197–208.
[21] G. Seisenberger, M. U. Ried, T. Endress, H. Buning, M. Hallek, C. Brauchle,
Science 2001, 294, 1929–1932.
[22] M. Dahan, S. Levi, C. Luccardini, P. Rostaing, B. Riveau, A. Triller, Science
2003, 302, 442–445.
[23] T. Kues, A. Dickmanns, R. Luhrmann, R. Peters, U. Kubitscheck, Proc.
Natl. Acad. Sci. USA 2001, 98, 12021–12026.
[24] Y. Shav-Tal, X. Darzacq, S. M. Shenoy, D. Fusco, S. M. Janicki, D. L. Spec-
tor, R. H. Singer, Science 2004, 304, 1797–1800.
[25] X. S. Xie, J. Yu, W. Y. Yang, Science 2006, 312, 228–230.
[26] A. W. Sonesson, U. M. Elofsson, T. H. Callisen, H. Brismar, Langmuir 2007,
23, 8352–8356.
[27] K. Balashev, N. J. DiNardo, T. H. Callisen, A. Svendsen, T. Bjornholm, Bio-
chim. Biophys. Acta 2007, 1768, 90–99.
[28] M. Grandbois, H. Clausen-Schaumann, H. Gaub, Biophys. J. 1998, 74,
2398–2404.
[29] L. K. Nielsen, J. Risbo, T. H. Callisen, T. Bjornholm, Biochim. Biophys. Acta
Biomembr. 1999, 1420, 266–271.
[30] N. Prim, L. Iversen, P. Diaz, T. Bjornholm, Colloids Surf. B 2006, 52, 138–
142.
[31] O. G. Berg, Y. Cajal, G. L. Butterfoss, R. L. Grey, M. A. Alsina, B. Z. Yu, M. K.
Jain, Biochemistry 1998, 37, 6615–6627.
[32] Y. Cajal, A. Svendsen, V. Girona, S. A. Patkar, M. A. Alsina, Biochemistry
2000, 39, 413–423.
[33] G. H. Peters, A. Svendsen, H. Langberg, J. Vind, S. A. Patkar, S. Toxvaerd,
P. K. J. Kinnunen, Biochemistry 1998, 37, 12375–12383.
[34] S. Yapoudjian, M. G. Ivanova, A. M. Brzozowski, S. A. Patkar, J. Vind, A.
Svendsen, R. Verger, Eur. J. Biochem. 2002, 269, 1613–1621.
[35] O. G. Mouritsen, Life—As a Matter of Fat, Springer, Berlin, 2004.
[36] H. P. Wacklin, F. Tiberg, G. Fragneto, R. K. Thomas, Biochim. Biophys. Acta
Biomembranes 2007, 1768, 1036–1049.
[37] R. R. Gullapalli, M. C. Demirel, P. J. Butler, Phys. Chem. Chem. Phys. 2008,
10, 3548–3560.
[38] G. H. Peters, S. Toxvaerd, N. B. Larsen, T. Bjornholm, K. Schaumburg, K.
Kjaer, Nat. Struct. Biol. 1995, 2, 395–401.
[39] D. Marguet, P. F. Lenne, H. Rigneault, H. T. He, EMBO J. 2006, 25, 3446–
3457.
[40] G. J. Schutz, H. Schindler, T. Schmidt, Biophys. J. 1997, 73, 1073–1080.
[41] M. Przybylo, J. Sykora, J. Humpolickova, A. Benda, A. Zan, M. Hof, Lang-
muir 2006, 22, 9096–9099.
[42] T. Schmidt, G. J. Schutz, W. Baumgartner, H. J. Gruber, H. Schindler, J.
Phys. Chem. 1995, 99, 17662–17668.
160 www.chemphyschem.org  2009 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim ChemPhysChem 2009, 10, 151 – 161
J. Hofkens, H. Uji-i et al.
[43] A. Sonnleitner, G. J. Schutz, T. Schmidt, Biophys. J. 1999, 77, 2638–2642.
[44] F. C. De Schryver, T. Vosch, M. Cotlet, M. Van der Auweraer, K. Mllen, J.
Hofkens, Acc. Chem. Res. 2005, 38, 514–522.
[45] K. Peneva, G. Mihov, F. Nolde, S. Rocha, J. Hotta, K. Braeckmans, J. Hofk-
ens, H. Uji-i, A. Herrmann, K. Mllen, Angew. Chem. 2008, 120, 3420–
3423; Angew. Chem. Int. Ed. 2008, 47, 3372–3375.
[46] A. Sharonov, R. M. Hochstrasser, Proc. Natl. Acad. Sci. USA 2006, 103,
18911–18916.
[47] M. J. Saxton, K. Jacobson, Annu. Rev. Biophys. Biomol. Struct. 1997, 26,
373–399.
[48] F. Zhou, K. Schulten, Proteins Struct. Funct. Genet. 1996, 25, 12–27.
[49] F. Y. Jiang, Y. Bouret, J. T. Kindt, Biophys. J. 2004, 87, 182–192.
[50] E. Betzig, G. H. Patterson, R. Sougrat, O. W. Lindwasser, S. Olenych, J. S.
Bonifacino, M. W. Davidson, J. Lippincott-Schwartz, H. F. Hess, Science
2006, 313, 1642–1645.
[51] C. Flors, J. Hotta, H. Uji-I, P. Dedecker, R. Ando, H. Mizuno, A. Miyawaki,
J. Hofkens, J. Am. Chem. Soc. 2007, 129, 13970–13977.
[52] M. B. J. Roeffaers, G. De Cremer, H. Uji-i, B. Muls, B. F. Sels, P. A. Jacobs,
F. C. De Schryver, D. E. De Vos, J. Hofkens, Proc. Natl. Acad. Sci. USA
2007, 104, 12603–12609.
[53] M. B. J. Roeffaers, B. F. Sels, H. Uji-i, F. C. De Schryver, P. A. Jacobs, D. E.
De Vos, J. Hofkens, Nature 2006, 439, 572–575.
[54] A. C. Simonsen, L. A. Bagatolli, Langmuir 2004, 20, 9720–9728.
[55] A. Svendsen, I. G. Clausen, S. A. Patkar, K. Borch, M. Thellersen, Lipases
Part A 1997, 284, 317–340.
[56] M. C. Konopka, J. C. Weisshaar, J. Phys. Chem. A 2004, 108, 9814–9826.
[57] C. M. Anderson, G. N. Georgiou, I. E. G. Morrison, G. V. W. Stevenson, R. J.
Cherry, J. Cell Sci. 1992, 101, 415–425.
Received: August 15, 2008
Published online on December 4, 2008
ChemPhysChem 2009, 10, 151 – 161  2009 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim www.chemphyschem.org 161
Phospholipase Mobility and Activity
